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ABSTRACT: We have established an approach for the
spatial control of lipid phase separation in tethered
polymer-supported membranes (PSMs), which were
obtained by vesicle fusion on a poly(ethylene glycol)
polymer brush functionalized with fatty acid moieties.
Phase separation of ternary lipid mixtures (1,2-dioleoyl-sn-
glycero-3-phosphocholine/sphingomyelin/cholesterol)
into liquid-disordered (ld) and liquid-ordered (lo) phases
within both leaflets was obtained with palmitic acid as the
anchoring group. In contrast, tethering of the PSM with
oleic acid interfered with the phase separation in the
surface-proximal leaflet. We exploited this feature for the
assembly of lo domains within PSMs into defined
structures by binary micropatterning of palmitic and
oleic acid into complementary areas. Ternary lipid
mixtures spontaneously separated into lo and ld phases
controlled by the geometry of the underlying tethers.
Transmembrane proteins reconstituted in these phase-
separated PSMs strictly partitioned into the ld phase.
Hence, the lo phase could be used for confining
transmembrane proteins into microscopic and submicro-
scopic domains.

Phase separation of lipid membranes into liquid-disordered
(ld) and liquid-ordered (lo) domains has been recognized as

a fundamental principle for the functional organization of
proteins and lipids within the plasma membrane.1−5 For the
exploration of protein function in the context of a phase-
separating lipid environment under controlled conditions in
vitro, model systems mimicking the key features of plasma
membrane domains are required.6,7 For this purpose, giant
unilamellar vesicles (GUVs) are frequently used as model
systems.8−10 Spontaneous phase separation of ternary lipid
mixtures is observed in GUVs, yet the spatial organization of the
phase-separated membranes is an entirely stochastic, time- and
lipid-composition-dependent process that often leads to
complete coalescence of the lipid phases. Moreover, proteins
are difficult to reconstitute into GUVs, and few reports of
transmembrane proteins reconstituted into phase-separated
GUVs are available.11 Polymer-supported membranes (PSMs)
provide an elegant means for probing diffusion, interactions, and
conformations of proteins in lipid bilayers with defined lipid
composition.12−15 Proteins are readily reconstituted into
PSMs,16−18 thus offering the potential to study transmembrane
proteins in phase-separated membranes. PSMs have been
demonstrated to allow the formation of registered lo domains

by Langmuir−Blodgett/Langmuir−Schaefer (LB/LS) deposi-
tion of preseparated lipid monolayers.19 Microstructured
assembly of phase-separating lipid membranes on solid supports
to date has been achieved only by highly specialized appor-
aches.20−22

PSMs are frequently based on hydrophobic tethering groups
that are anchored into the surface-proximal leaflet of the
membrane.12,14 The density of the tethering groups has been
shown to play a critical role in the diffusion of lipids and
transmembrane proteins in tethered PSMs.23 However, the
possibilities for manipulating lipid phase separation by varying
the structure of these tethering groups have not yet been
explored.
In this work, we established an approach for spatial control of

lipid phase separation in tethered PSMs on micropatterned
supports. To this end, we employed spontaneous lipid phase
separation on a poly(ethylene glycol) (PEG) polymer brush
functionalized with palmitic acid (PA) (Figure 1a).18 To obtain a
phase-separating PSM, lipid vesicles were prepared from a
ternary lipid mixture of 1,2-dioleoyl-sn-glycero-3-phosphocho-
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Figure 1. Lipid microdomain formation in a PSM. (a) Cartoon
depicting vesicle capture and coalescence of submicroscopic lipid
microdomains after induction of vesicle fusion. (b) Time-lapse
fluorescence images capturing lipid phase separation after vesicle fusion
was induced by addition of PEG solution. (c) Staining of the lo and ld
domains by BHPC (green) and GM1/

AF647CTX (red), respectively. (d)
AFM image of a phase-separated membrane (in the absence of
AF647CTX).
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line, sphingomyelin, and cholesterol doped with a fluorescent
lipid analogue [β-BODIPY FL C5-hexadecylphosphocholine
(BHPC) or 1′-dioctadecyl-3,3,3′,3′-tetramethylindodicarbocya-
nine 4-chlorobenzenesulfonate (DiD)] as a probe for ld domains.
These vesicles were captured on a PEG polymer brush on a glass
substrate functionalized with PAmoieties. After vesicle capture, a
homogeneous fluorescence distribution was observed, and no
fluorescence recovery after photobleaching (FRAP) of a circular
spot occurred, confirming that surface-bound vesicles remained
intact under these conditions (Figure 1b). After addition of a
PEG solution to induce vesicle fusion, however, rapid formation
of microscopic domains with substantially lower fluorescence
intensities was observed [Figure 1b; also see video 1 in the
Supporting Information (SI)], suggesting the formation of lo
domains in the fused lipid bilayer. Within the first minutes after
microdomain formation, fusion into larger domains could be
observed. After∼15 min, no further changes in the patterns were
observed, which can be ascribed to the very lowmobility of entire
lo domains due to tethering to the surface. In the photobleached
area, the fluorescence fully recovered, corroborating the
formation of a contiguous bilayer. This was further supported
by the observation that elevating the temperature above the
melting point of the lo phase yielded homogeneous fluorescence
with completely mobile lipids (Figure S1 in the SI).
The formation of lo domains was further confirmed by studies

of binding of cholera toxin subunit B labeled with Alexa Fluor
647 (AF647CTX) to a PSM formed from a ternary lipid mixture
containing 1% of the ganglioside GM1 as a marker for the lo phase.
Strong enrichment of AF647CTX in the domains excluding BHPC
was observed (Figure 1c). The formation of lo domains was
further confirmed by atomic force microscopy (AFM) imaging of
phase-separated membranes (Figure 1d). Microdomains whose
height was increased by 1 nm relative to the surrounding
membrane were observed, in good agreement with similar
studies on mica-supported phase-separated membranes.24

Single-molecule tracking was employed to characterize the
diffusion of BHPC within the ld and lo domains, and diffusion
constants (D) of 3.1 ± 0.5 and 0.38 ± 0.1 μm2/s, respectively,
were obtained (Figure S2), in good agreement with the
literature.25

As a model transmembrane protein, maltose binding protein
(MBP) fused to the transmembrane helix of the type-I interferon
receptor subunit (IFNAR1) labeled with DY-649 (DY649MBP-
TM1) was reconstituted into a phase-separating PSM. Highly
efficient exclusion of DY649MBP-TM1 from the lo phase was
observed (Figure S3), in line with the results of previous studies
on transmembrane proteins in phase-separating model mem-
branes.26,27 Rapid diffusion of both lipid and transmembrane
proteins within the ld domains was confirmed by FRAP (Figure
S3). However, an immobile fraction of fluorescent protein was
always present in the lo and ld phases.
Palmitoylation has been shown to target proteins into ordered

lipid domains.28 Thus, PAwas expected to allow or even promote
lo domain formation, as the density of PA moieties was relatively
high (∼0.5/nm2).18 Reducing the density of PA moieties,
however, did not significantly alter the phase-separation
properties (Figure S4).
We speculated that the formation of lo domains could be

controlled by the structure of the tethering moiety. To interfere
with lo domain formation, we coupled unsaturated oleic acid
(OA) instead of saturated PA to the PEG polymer brush. Vesicle
capture and fusion were possible on these surfaces with very
similar efficacy, and the formation of lipid microdomains

excluding the ld marker was observed (Figure 2). However, the
shape of these domains was characteristically different compared

with phase-separated PSMs tethered by PA, and the partitioning
of the ld marker was significantly less prominent. Quantitative
analysis of the fluorescence intensity yielded ∼50% intensity of
the ld marker in the microdomains of OA-tethered membranes
(Figure 2c). We hypothesized that the tethering by OA moieties
interferes with lipid phase separation in the surface-proximal
leaflet, while phase separation is still possible in the surface-distal
leaflet.
Indeed, AF647CTX binding to microdomains formed on OA-

tethered PSMs was observed to occur with a similar partitioning
constant as on PA-tethered PSMs (Figure 2c), confirming the
formation of lo domains in the surface-distal leaflet. The
increased height within these regimes observed by AFM imaging
further corroborated the formation of lo domains in the surface-
distal leaflet (Figure S5). Strikingly, the model transmembrane
protein DY649MBP-TM1 was excluded from these as efficiently as
from the trans-bilayer lo domains obtained on PA-functionalized
surfaces (Figure S6).
On the basis of the observation that OA interferes with trans-

bilayer lo domain formation, we anticipated that on micro-
patterned functionalized surfaces presenting PA and OA in

Figure 2. (a, b) Lipid phase separation in PSMs tethered by (a) PA and
(b) OA. In the fluorescence images, DiD was used as a marker for the ld
phase. The cartoons depict the interpretation of the observed differences
in the staining with different lipid-phase markers (green stars, DiD; red
stars, AF647CTX). (c) Relative distributions of different lipid-phase
markers between the apparent ld and lo phases observed for (red) PA-
and (green) OA-tethered membranes. Left side: data for the ld phase
markers DiD and BHPC (ld vs lo). Right side: data for the lo phase
marker AF647CTX (lo vs ld), which can access only the surface-distal
leaflet of the membrane.
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different areas, lo phases would preferentially form in PA-tethered
regions, allowing domain registration across the lipid bilayer
(Figure 3a). To obtain such binary micropatterns, we used

nitroveratryloxycarbonyl (NVOC) groups to cage the amine
groups of the PEG polymers coupled to the glass support29 and
then uncaged them by UV illumination through a photomask,
followed by reaction with PA (Figure S7). Subsequently,
remaining NVOC-protected amines were uncaged and reacted
with OA. Strikingly, lipid phase separation into geometries
defined by the PA/OA micropattern was observed when the ld
and lo phases were stained with BHPC and AF647CTX,
respectively, as well as by AFM imaging (Figure 3b−d).
The diffusion constants of the lipid probe within the

micropatterned ld and lo domains as obtained by single-molecule
tracking (D = 3.15 ± 0.3 and 0.36 ± 0.035 μm2/s, respectively;
Figure S8) were in good agreement with the values obtained for
these domains on nonpatterned support. Moreover, we explored
the kinetics of lipids and proteins crossing lo domains by
bleaching fluorescent probes inside ld structures that were fully
confined by lo phase. FRAP in the confined domains was
observed for BHPC (Figure 4), confirming partitioning and
diffusion of this lipid analogue within the lo domain. With
increasing size of the lo barrier (Figure S9), we observed slower
recovery kinetics of BHPC (Figure 4), which was qualitatively in
line with a simulation based on the experimentally determined
diffusion and partitioning parameters (Figure S10 and video 2).
In contrast, no diffusion of the transmembrane protein

DY649MBP-TM1 across the lo barriers was detectable (Figure
S11). When a segment within the ld domain was photobleached,

free diffusion of the protein within the ld phase was confirmed
(Figure 5). However, no significant recovery of the fluorescence
within the total ld domain was observed, confirming that the
mobile transmembrane protein was fully excluded from the lo
phase.

Figure 3. Spatial organization of lipid phases in PSMs on a
micropatterned support. (a) Surfaces were functionalized with (red)
PA and (green) OA in a spatially resolved manner in order to attract lo
phases selectively into areas functionalized with PA. (b) After fusion of
vesicles comprising ternary lipid mixtures on theses surfaces, the ld and lo
phases were imaged using BHPC (green) and GM1/

AF647CTX (red),
respectively, as probes. (c) AFM topography image of the phase-
separated membrane loaded with CTX. (d) Intensity (top) and height
(bottom) profiles along the black line indicated in (b) and (c).

Figure 4. Lipid diffusion in micropatterned lipid phases. (a)
Fluorescence recovery after full bleaching of BHPC in an ld domain
confined by an lo phase barrier. The bleached area is indicated by the
dotted line. (b) FRAP curves obtained for different widths of the
confining lo barrier.

Figure 5. Protein diffusion in micropatterned lipid phases. (a) FRAP of
DY649MBP-TM1 in a segment of an ld domain confined by an lo phase
barrier. (b) FRAP curves of the bleached segment (orange) and the
entire confined ld phase (blue). (c) Trajectories of individual

DY649MBP-
TM1 molecules diffusing within the ld domain (scale bar: 10 μm). (d)
Mean-square displacement analysis of DY649MBP-TM1 diffusion within
the ld domain.
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This was further confirmed by single-molecule tracking
experiments, which revealed rapid diffusion of DY649MBP-TM1
(D = 0.61 ± 0.05 μm2/s) as well as the impermeability of the
surrounding lo phases (Figure 5c,d and video 3). Thus,
micropatterned lo phases within PSMs can be employed as
semipermeable membrane segments for confining the diffusion
of lipids and proteins into microdomains.
These results clearly establish that lipid phase separation in

tethered PSMs can be controlled by the properties of the
tethering moieties. Suitable artificial model systems are key for a
quantitative understanding of the principles underlying the
submicroscopic organization of the plasmamembrane. However,
current systems based on spontaneous lipid phase separation
show fundamental differences relative to the cellular situation.30

The key shortcomings of model membrane rafts are their large
sizes and low permeabilities for membrane proteins.27 Here we
have demonstrated the feasibility of spatially organizing phase-
separated lipid membranes on solid supports. As expected,
membrane tethering by PA supported the formation of lipid
phases, while OA strongly interfered with lo phase formation in
the surface-proximal leaflet. The preferential lo phase formation
in PA-tethered regimes within binary PA/OA micropatterns is
probably due to the energetically favored trans-bilayer
registration of lo domains. These findings support the currently
emerging hypothesis that anchoring of the membrane to the
cortical cytoskeleton by lipids and proteins plays an important
role in regulating the formation of small and highly dynamic
membrane rafts.4,31−33 Our results experimentally confirm that
such membrane anchors can interfere with the coalescence of
membrane rafts into larger entities, as suggested by simu-
lations.34,35

While lo domain micropatterning has previously been achieved
in solid-supported membranes,36,37 here we for the first time
established this possibility for polymer-supported membranes,
which allow functional reconstitution of transmembrane
proteins. Control of lipid phase separation in such tethered
membranes opens exciting new possibilities for mimicking
plasma membrane microdomain formation. The properties of
proteins and lipids in the context of phase-separating lipid
membranes can be studied more systematically by applying well-
defined lipid phase geometries. Application of nanopatterning
techniques will provide submicroscopic lo domains for
mimicking the small and more dynamic nature of membrane
rafts. Moreover, systematic manipulation of the formation and
properties of lo and ld domains will be possible by using different
transmembrane tethers, including proteins. Combining these
efforts may provide a basis for exploring the dynamic partitioning
of membrane proteins into plasma membrane rafts in a
quantitative manner.
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